Introduction
============

The PAR polarity pathway is broadly conserved and essential for many processes in metazoan development, including directed cell motility, asymmetric cell division, and the establishment of tissue architecture. It relies on two sets of antagonistic PAR (partitioning defective) proteins: one composed of PAR-3 (Bazooka), PAR-6, and atypical PKC (aPKC), and another characterized variably by PAR-1, LGL (Lethal Giant Larvae), and/or PAR-2 ([@bib29]; [@bib18]; [@bib9]; [@bib60]; [@bib55]; [@bib62]; [@bib8]; [@bib26]). In polarized cells, these two sets of proteins are segregated such that the cell membrane is partitioned into stable, mutually exclusive membrane domains that define the polarity axis. Although progress has been made in identifying the molecular players and many of the interactions, the mechanisms by which these proteins maintain their asymmetric distributions within cells remain elusive.

To generate asymmetric distributions of molecules, cells must possess mechanisms to enrich molecules at defined locations, thereby countering the entropic forces that would otherwise tend to equalize protein concentrations across the cell. Budding yeast, for example, use a variety of such mechanisms, including diffusion barriers ([@bib5]; [@bib56]), active transport ([@bib61]), recruitment to preexisting landmarks or scaffolds ([@bib12]), and self-organizing pattern-forming processes ([@bib20]; [@bib30]). Developing a physical picture for generating and maintaining cellular asymmetry requires detailed knowledge of the kinetic behaviors and mobilities of the proteins involved and how these are regulated in space.

The initial asymmetric stem cell--like division of the *Caenorhabditis elegans* embryo is an attractive system for studying PAR polarity ([@bib14]; [@bib40]). PAR polarity is essential for this asymmetric division and is established de novo in the single-cell embryo in a reproducible fashion after completion of meiosis II. As in other systems, PAR proteins segregate into two mutually exclusive domains, here anterior and posterior, separated by a stable boundary at midcell. The formation of a stable PAR boundary depends on mutual antagonism between the two sets of PAR proteins ([@bib7]; [@bib8]; [@bib57]; [@bib11]; [@bib23]). If the function of either set of PAR proteins is disrupted, the other set of proteins fail to be confined within their appropriate domain and instead spread throughout the embryo ([@bib18]; [@bib9]; [@bib60]; [@bib15]). Consistent with this notion of competitive inhibition, mutants in *par-2* can often be rescued, at least partially, by depletion of PAR-3, PAR-6, or aPKC ([@bib60]; [@bib33]). However, it is unclear how this antagonism maintains the asymmetric distribution of PAR proteins in the absence of persistent spatial cues with which to define the domain boundaries.

The actomyosin cortical meshwork has emerged as a strong candidate for playing an organizational role in polarity in a variety of systems. Notably, it is often polarized coincidently with PAR proteins and has the ability to provide persistent spatial landmarks within cells ([@bib41]). Consistent with this picture, much evidence points to a critical role for actin in both the formation and maintenance of PAR domains ([@bib25]; [@bib22]; [@bib53]; [@bib51]; [@bib41]; [@bib17]; [@bib24]; [@bib2]; [@bib37]). During the initial polarity establishment phase, polarized actin flows, driven by the activity of the myosin motor NMY-2, are thought to segregate PAR-3, PAR-6, and aPKC into the anterior, allowing PAR-1, PAR-2, and LGL to associate with the membrane in the posterior ([@bib13]; [@bib41]; [@bib6]; [@bib26]). Disruption of the actomyosin cortex has also been reported to destabilize PAR domains even after they have been formed ([@bib51]; [@bib37]), leading to a model in which domains are stabilized by the actomyosin cortex, presumably through feedback between actin and/or myosin and the PAR proteins ([@bib39]; [@bib59]). However, several studies have questioned this model, noting that polarity is resistant to short pulses of cytochalasin, and embryos with defects in actomyosin contractility are nonetheless able to undergo some degree of polarization, including the generation of small, rudimentary PAR domains under certain conditions ([@bib25]; [@bib47]; [@bib22]; [@bib53]; [@bib51]; [@bib50]; [@bib66]). These observations, combined with recent reports that myosin may not be required for PAR polarity in other systems ([@bib11]; [@bib3]), suggest that the ability of PAR proteins to form domains can be uncoupled from actomyosin contractile asymmetries. Given these divergent observations, the basic question of how the embryo physically sorts and confines PAR proteins within the appropriate domains remains unanswered.

Addressing the mechanism of PAR protein segregation has been hampered by a lack of quantitative information regarding the mobility of PAR proteins within cells. Even basic questions remain unanswered. For example, is their motion restricted by cytoskeletal elements and/or localized binding sites, or are they relatively free to diffuse when associated with the membrane? Although there is evidence that PAR proteins turn over rapidly within small regions of the cortex ([@bib13]; [@bib43]), various behaviors could underlie this recovery, including active transport, diffusion, or exchange between membrane and cytoplasmic pools. Each of these behaviors places constraints on models for how PAR proteins can be segregated within the membrane.

Here, we examine the kinetic behavior of two proteins essential for PAR polarity in *C. elegans*, the anterior protein PAR-6 and the posterior protein PAR-2. Our findings indicate that both proteins are free to undergo extensive diffusion along the membrane and suggest that the equalizing effects of lateral diffusion of PAR proteins on the membrane must be countered by an actin-independent spatial bias in membrane association.

Results
=======

Lateral diffusion of membrane-associated PAR proteins
-----------------------------------------------------

The kinetic behavior of a protein associated with a cell membrane can in principle result from diffusion, directed motion, and/or exchange between membrane-bound and cytoplasmic states. By measuring the spatial characteristics of FRAP, one can detect and distinguish these various types of mobility ([@bib54]). The initial polarity establishment phase in *C. elegans* embryos is characterized by a contractile actomyosin cortex, anterior-directed flows of cortical cytoplasm, and the formation of two PAR domains of roughly equal size. During the subsequent maintenance phase, the motion of the actomyosin cortex is down-regulated, and the PAR domains are stably maintained until cytokinesis. The stable distributions of PAR proteins and the lack of cortical motion make the maintenance phase an attractive system for acquiring quantitative measurements of PAR protein dynamics in vivo.

We used GFP fusions to PAR-6 and PAR-2 as proxies for the behavior of the anterior and posterior PAR proteins, respectively. Both complement mutations in their respective genes (unpublished data). Consistent with FRAP experiments performed during the establishment phase ([@bib13]), fluorescence recovery during maintenance phase was rapid for both proteins, typically reaching near full fluorescence recovery within 1 min. We did not observe directed motion of bleached spots during maintenance phase, indicating a lack of long-range directional transport of PAR molecules within their domains during this phase, in contrast to the onset phase ([Fig. S1](http://www.jcb.org/cgi/content/full/jcb.201011094/DC1)). This finding is consistent with the lack of long-range cortical flows in maintenance phase and suggests that recovery is primarily a result of lateral diffusion on the membrane and/or exchange between membrane and cytoplasmic pools.

Lateral diffusion on the membrane can be detected in FRAP experiments by monitoring the spatial characteristics of fluorescence recovery ([@bib34]; [@bib44]; [@bib4]). In brief, if molecules diffuse laterally during the timescale of the FRAP experiment, recovery will occur first at the edges. If they are only exchanging, recovery will be spatially uniform. To isolate the behavior intrinsic to each PAR protein, we performed FRAP in the absence of mutual antagonism between the two groups of PAR proteins. In other words, we examined GFP--PAR-6 in embryos depleted of PAR-2 and GFP--PAR-2 in embryos depleted of PAR-6. Under these conditions, the GFP fusions are distributed throughout most, if not all, of the embryo membrane. For both proteins, we find that recovery at the edges is more rapid than in the center ([Fig. 1, A and B](#fig1){ref-type="fig"}). Although not precluding the existence of membrane--cytoplasmic exchange, this result provides clear evidence that lateral diffusion contributes significantly to the behavior of PAR-2 and PAR-6 on the membrane.

![**PAR-2 and PAR-6 kinetics revealed by FRAP.** (A and B) A comparison of the recovery at the edges versus the center of bleached boxes on the embryo surface reveals a clear outside-in pattern for both proteins that is characteristic of lateral diffusion. (C and D) Mean, normalized FRAP data (blue line) for a 6.9 × 6.9--µm box were well fit by a diffusion and exchange model (red line) using the measured coefficients in G. Light blue lines show individual replicates. (E and F) Recoveries into boxes of varying size are accurately predicted using the measured coefficients. Note that the larger boxes recover more slowly, consistent with recovery through diffusion. (G) Measured diffusion and binding coefficients for PAR-2 and PAR-6. Mean ± SD is shown. (H) FRAP of PAR-2 in the cytoplasm of embryos exhibited a halftime of recovery of ∼1.2 s for a 9 × 9--µm square bleached at the embryo midplane. Mean ± SD of individual recoveries is plotted (*n* = 8). (I) No obvious gradient of GFP--PAR-2 was visible when embryos were imaged in a cross section using confocal microscopy. Fluorescence along the A--P axis along the indicated yellow box is shown. (J and K) Same as H and I, but for GFP--PAR-6. Again, cytoplasmic recovery is rapid and no significant gradient is seen. Bars, 10 µm.](JCB_201011094_RGB_Fig1){#fig1}

To determine the relative contributions of lateral diffusion and membrane--cytoplasmic exchange, we made use of a novel method to simultaneously determine the lateral diffusion coefficient and the rate of exchange, in this case given by the off rate, by bleaching 2D boxes on the membrane ([@bib19]). FRAP recoveries for both proteins at the membrane were well fit as a combination of lateral diffusion and exchange ([Fig. 1, C and D](#fig1){ref-type="fig"}). The near-complete recovery of fluorescence indicates that there is no significant subpopulation of immobile molecules. Fits of recoveries reveal that the rates of detachment from the membrane, *k*~off~, for both proteins are similar ([Fig. 1 G](#fig1){ref-type="fig"}) and indicate that mean lifetimes for membrane attachment are on the order of 100 s. The lateral diffusion coefficients, *D*, are also of the same order of magnitude ([Fig. 1 G](#fig1){ref-type="fig"}), although PAR-6 diffuses approximately twice as fast. An important test of this lateral diffusion/membrane--cytoplasmic exchange model is the ability of a given set of parameters to accurately predict recoveries into different-sized boxes ([@bib19]). Because the distance that molecules must diffuse increases with larger boxes, changing the box size will alter the relative contributions of diffusion and exchange and thus the recovery kinetics. We find that the single-set coefficients obtained here accurately predict recoveries into bleach areas of four different sizes ([Fig. 1, E and F](#fig1){ref-type="fig"}).

We can use measurements of *D* and *k*~off~ to estimate the characteristic diffusion length, *l~D~.* This length is the typical distance a PAR molecule can diffuse along the membrane before it falls off and reenters the cytoplasm and thus describes the amount of membrane that a molecule can explore during each membrane association event. It is calculated as$$l_{D} = \sqrt{2D/k_{\text{off}}}.$$

Substituting our measured parameters, we obtain *l~D~* = 6.4 µm for PAR-2 and *l~D~* = 10.2 µm for PAR-6. Compared with an embryo that is ∼50 µm in length, these diffusion lengths imply that during their lifetime on the membrane, both PAR proteins are capable of exploring a significant fraction of the embryo surface.

An important caveat with these measurements is that our bleach geometry necessarily results in bleaching of the cytoplasmic pool beneath the membrane, which complicates analysis unless care is taken to account for this population. Performing similar experiments in the cytoplasm resulted in recovery timescales on the order of 1 s, at least an order of magnitude faster than what was observed on the cortex ([Fig. 1, H and J](#fig1){ref-type="fig"}). Therefore, the cytoplasmic pool is unlikely to be contributing significantly to our measurements of the membrane-associated species. Rather, these results indicate that the cytoplasmic pool undergoes rapid mixing, a picture that is confirmed both by the lack of obvious cytoplasmic gradients of PAR proteins ([Fig. 1, I and K](#fig1){ref-type="fig"}) and FCS experiments on cytoplasmic PAR-2 ([@bib43]). Thus, we conclude that the intrinsic behavior of both PAR-2 and PAR-6 in the embryo can be characterized as a slow exchange between a rapidly mixing cytoplasmic pool and a membrane-associated state in which PAR proteins undergo significant lateral diffusion.

PAR proteins diffuse across the PAR domain boundary
---------------------------------------------------

One striking characteristic of PAR protein distributions observed in fixed embryos is the presence of opposing spatial gradients at the domain interface ([@bib63]). Quantification of PAR protein distributions in live embryos simultaneously expressing fluorescent protein fusions to PAR-2 and PAR-6 confirmed the presence of opposing gradients ([Fig. 2 A](#fig2){ref-type="fig"}). Such spatially extended gradients can arise because of diffusion of molecules between a source and a sink ([@bib65]). In the absence of mechanisms to prevent diffusion across the anterior--posterior PAR boundary, the concentration differences between the two PAR domains would be expected to drive the lateral diffusion of PAR proteins from regions where they are enriched into regions of the membrane where they are depleted.

![**PAR proteins diffuse across the domain boundary.** (A) Quantification of PAR protein distributions during maintenance phase. The levels of PAR-6 (red, left) and PAR-2 (green, right) are relatively homogenous within the anterior and posterior domains, respectively. At midcell, proteins localize to opposing spatial gradients, which overlap (shaded yellow region). Mean ± SD is shown (*n* = 20 anterior to posterior profiles, 2 each from 10 embryos). Note that distances are represented relative to the posterior pole, with positive distance toward the anterior. (B) A schematic of boundary FRAP. The white box with the lightning bolt indicates the bleached region. (C) An example of a computationally straightened membrane profile from an embryo expressing GFP--PAR-6 (red) and mCherry--PAR-2 (green) in which the boundary gradient and polar regions are indicated. (D--G) For bleaching, embryos expressing GFP--PAR-6 or GFP--PAR-2 were subjected to FRAP within a 4-µm-long box at the approximate positions indicated. Fluorescence profiles were captured along the membrane at each time point, and recovery data were averaged for experiments performed at each position (*n* \> 14). To facilitate visualization, data were assembled into kymographs with time on the y axis. Bleaching occurred at *t* = 0 s, indicated by black arrowheads. Distance is on the x axis and is expressed relative to the center of the bleached population. At the anterior (D, PAR-6) and posterior poles (G, PAR-2), recovery is symmetric. In contrast, within their respective boundary gradients (E, PAR-2; F, PAR-6), recovery is asymmetric, with recovery from the domain-proximal boundary being much greater than that from the boundary distal to the domain.](JCB_201011094_RGB_Fig2){#fig2}

To determine whether PAR proteins are free to diffuse down the concentration gradients that exist between the two domains or are instead confined within their respective domains through some form of diffusion barrier, we photobleached a small box within each PAR gradient in a procedure we refer to as boundary FRAP ([Fig. 2 B](#fig2){ref-type="fig"}). Recovery occurred with the characteristic outside-in pattern observed in [Fig. 1 (A and B)](#fig1){ref-type="fig"}, indicating that molecules were entering the bleached region through the edges before spreading into the center ([Fig. 2, E and F](#fig2){ref-type="fig"}). In addition, the recovery at the boundary is highly asymmetric; significantly more molecules enter the bleached region from the edge proximal to the respective PAR domain, where fluorescence is higher, than from the edge distal to the domain, where fluorescence is lower. This pattern is consistent with a concentration gradient driving diffusive flux of PAR proteins from their respective domains where concentrations are high into the opposing domains where concentrations are low. Control experiments performed near the center of each of the two PAR domains where concentrations are relatively uniform exhibited the same characteristic outside-in recovery but no asymmetry in recovery ([Fig. 2, D and G](#fig2){ref-type="fig"}), consistent with what would be expected given the lack of an underlying concentration gradient in this region.

The diffusion length limits the distance over which a molecule can communicate information along the membrane. Consequently, it should place limits on the length scale or sharpness of the boundary gradient formed by the molecule. Fitting the fluorescence distributions with an error function provides a measure of the boundary gradient decay length (σ) for each protein. Strikingly, the resulting values (σ~PAR-2~ = 7.8 ± 0.1 µm and σ~PAR-6~ = 11.0 ± 0.4 µm, *n* = 16) are similar to the calculated diffusion lengths, which correctly predict that the PAR-6 gradient is broader than that of PAR-2. Although the precise shape and extent of the boundary gradients will depend on the exact mechanism of protein segregation, the correlation between *l~D~* and σ that we observe supports the idea that the characteristic opposing gradients of PAR proteins at midcell are the result of PAR proteins diffusing down their respective concentration gradients within the boundary interface region.

Intriguingly, further examination of the PAR gradients revealed that although both proteins are relatively depleted within the boundary region, consistent with previous postulation of a gap between the domains ([@bib41]), the two gradients clearly overlap one another within this region ([Fig. 2 A](#fig2){ref-type="fig"}). This overlap argues against a simple barrier separating the two domains. Instead, combined with the aforementioned results, it suggests a picture in which PAR proteins are not physically compartmentalized but are subject to a constant diffusive flux out of their respective domains into a boundary region. Consequently, both PAR proteins are present together within the boundary region, which, in principle, would permit direct physical interactions between membrane-associated species.

Lateral diffusion is not countered by sorting or transport
----------------------------------------------------------

So far, we have shown that PAR proteins undergo lateral diffusion between the two PAR domains. Because of the tendency of diffusion to equalize concentrations in space, the maintenance of a stably positioned, steady-state PAR gradient requires some mechanism to compensate for this diffusive flux across the boundary interface. In principle, this could occur in two ways: first, molecules that have diffused down the gradient could be continuously removed, with new molecules being added to the membrane to replace those that are lost. Alternatively, a process of lateral sorting caused by active or passive mechanisms could directly work against the diffusive fluxes across the boundary. Molecules that are subject to such sorting should experience a force at the interface that leads to directional displacement of individual molecules over time. We refer to this displacement as drift and the rate of displacement as the drift velocity*.*

To distinguish between these ideas, we tested whether PAR proteins experience drift within the interface region by performing inverse FRAP (iFRAP; [@bib36]). In the reverse of boundary FRAP, we bleached the entire gradient within the frame, with the exception of a small box, leaving a small fluorescent band ([Fig. 3 A](#fig3){ref-type="fig"}). This allowed us to follow the fate of an isolated population of molecules within the gradient. For a lateral sorting mechanism, we would expect drift of the unbleached band up the gradient immediately after iFRAP because of directed movement of molecules within the interface region toward their "correct" domain. Because this drift must be sufficient to move the PAR molecules across the interface region (10 µm) during their lifetime on the membrane (*k*~off~^−1^ ≈ 100 s), we estimate this drift velocity must be, at minimum, of the order of 0.1 µm/s. In reality, it must likely be higher given the rates of lateral diffusion for both molecules. In contrast, for asymmetric attachment/detachment, we expect little to no drift at short times, although spatially biased detachment and reattachment will still lead to some distortion in the observed distribution. Kymographs of fluorescence distributions over time indicate very little drift ([Fig. 3, B and C](#fig3){ref-type="fig"}). Fitting the fluorescence distribution with a modified Gaussian at each time point allows an estimate of potential drift velocity ([Fig. 3, D--G](#fig3){ref-type="fig"}). The resulting fits yield drift velocities of 0.01 µm/s (PAR-2) and 0.03 µm/s (PAR-6), where positive values represent drift toward the anterior. Note that a sorting mechanism would require drift of molecules within the two gradients to occur in opposing directions rather than in the same direction toward the anterior as we see here. This suggests that this residual drift we observe may be the result of a slow displacement of the entire boundary region toward the anterior. Importantly, in neither case do we observe drift up the gradient exceeding the ∼0.1 µm/s that would be expected for a lateral sorting mechanism. Therefore, lateral sorting does not seem to be required for countering the diffusive flux of PAR proteins across the PAR boundary. Rather, our results indicate that diffusive flux is countered by the net removal of molecules in the "wrong" domain and their net association in the correct domain, which most likely is driven by differences in the rates of attachment to the membrane and/or detachment from the membrane between the two domains.

![**PAR proteins exhibit minimal drift within the boundary gradients.** (A) A schematic of boundary iFRAP. White boxes with lightning bolts indicate bleached regions. (B--G) Embryos expressing GFP--PAR-6 or GFP--PAR-2 were subject to bleaching of the gradient with the exception of a 4-µm-long box, leaving a small unbleached population. As in [Fig. 2](#fig2){ref-type="fig"}, fluorescence profiles were captured along the membrane at each time point and assembled to form the kymographs shown. Time is on the y axis. Distance relative to the center of the unbleached population is on the x axis with positive distance toward the anterior. Data are averaged from multiple experiments (*n* \> 11). (B and C) Kymographs reveal that the unbleached fluorescent population spreads outward from the center over time. At later time points, fluorescence returns throughout the gradient as molecules diffuse into the imaged region from unbleached portions of the embryo, and molecules undergo membrane--cytoplasmic exchange. These processes will eventually tend to distort the distribution. (D and E) Fluorescence distributions (solid lines) and the resulting fits (dashed lines) for the distribution of unbleached molecules at 0 s and 10 s after bleach. The fit peaks of the distribution of unbleached molecules are indicated by vertical dashed lines for each time point. (F and G) Plotting the position corresponding to the peak of unbleached distribution over time shows that although some drift is evident, the rates of drift are much below what would be minimally required to counteract diffusive flux. The predicted required levels are indicated here by the shaded regions, which indicate drift velocities that exceed 0.1 µm/s up the respective gradient. Note that the estimated drift velocity (slope of the red line) for PAR-2 and PAR-6 is opposite relative to their respective gradients, indicating that both drift slightly toward the anterior.](JCB_201011094R_RGB_Fig3){#fig3}

Actin depolymerization does not affect PAR proteins during the polarity maintenance phase
-----------------------------------------------------------------------------------------

How could such asymmetries in attachment and/or detachment occur? One possibility is that an asymmetric cortical actin scaffold could locally stimulate the association of the anterior PAR proteins with the membrane or destabilize the association of posterior PAR proteins in the anterior, a hypothesis that has been proposed in various forms ([@bib13]; [@bib59]). We developed a method to introduce drugs into embryos at defined time points and used it to examine the effects of acute disruption of the actin cytoskeleton on PAR proteins during maintenance phase. Despite effective disruption of the actin cytoskeleton ([Fig. 4, A and B](#fig4){ref-type="fig"}), treatment with cytochalasin D (CD) or latrunculin A did not lead to obvious defects in PAR domains during maintenance phase ([Fig. 4 C](#fig4){ref-type="fig"}), consistent with previous observations that such treatment does not disrupt polarity ([@bib25]). Boundary gradients appear to be similar several minutes after treatment with either drug ([Fig. 4 D](#fig4){ref-type="fig"} and [Fig. S2](http://www.jcb.org/cgi/content/full/jcb.201011094/DC1)). Quantification revealed only minor broadening (CD: PAR-2, 7.9 ± 1.9 µm and PAR-6, 13.0 ± 2.1 µm, *n* = 6; latrunculin A: PAR-2, 11.0 ± 1.8 µm and PAR-6, 14.9 ± 1.9 µm, *n* = 8). The kinetic behavior of PAR proteins using FRAP under these conditions was also similar, ruling out major effects of the actomyosin cortex on the lateral diffusion and membrane association of PAR proteins ([Fig. 4, E and F](#fig4){ref-type="fig"}). Consistent with an actomyosin-independent association of PAR proteins with the cell membrane, PAR proteins remained stably associated with expanding bleb membranes ([Fig. S3](http://www.jcb.org/cgi/content/full/jcb.201011094/DC1) and [Video 4](http://www.jcb.org/cgi/content/full/jcb.201011094/DC1)). Therefore, PAR proteins do not appear to rely on the actomyosin cortical network to associate with the membrane, and their dynamics on the membrane appear to be largely independent of the actomyosin cortex during the maintenance phase. Consequently, the cortical actin network is unlikely to be providing the required spatial asymmetries in attachment and detachment required for maintenance of the PAR boundary.

![**PAR domain maintenance does not require an intact actin cytoskeleton.** (A and B) Treatment of permeable embryos with CD or latrunculin A leads to rapid disruption of the actomyosin cortex as visualized with NMY-2--GFP (A) or LifeAct--GFP (B) using spinning disk confocal microscopy of a cortical plane taken before and 2--3 min after drug treatment. (C) Treatment of permeable embryos expressing fluorescently tagged PAR-2 (green)/PAR-6 (red) with CD or latrunculin A does not lead to loss of PAR domains. Select wide-field images of the embryo midplane are shown ([Videos 1](http://www.jcb.org/cgi/content/full/jcb.201011094/DC1) and [2](http://www.jcb.org/cgi/content/full/jcb.201011094/DC1)). (D) PAR distributions several minutes after treatment with CD are similar to untreated embryos (compare with [Fig. 2 A](#fig2){ref-type="fig"}). Mean ± SD is shown (*n* = 6 anterior to posterior profiles). Similar measurements for latrunculin A are provided in [Fig. S2](http://www.jcb.org/cgi/content/full/jcb.201011094/DC1). (E) The recovery of GFP--PAR-2 during FRAP is similar in embryos left untreated compared with embryos treated with either CD or latrunculin A. Box size was 4.1 × 4.1 µm. In each case, two to four FRAP curves were averaged and normalized to allow comparison (see Materials and methods). (F) Same as E, but for GFP--PAR-6 embryos with a 6.9 × 6.9--µm box size. (G) A kymograph of GFP--PAR-2 in a CD-treated embryo shows that the domain remains relatively stable until anaphase (Ana, dashed white line), when it undergoes a dramatic contraction. Time is relative to nuclear envelope breakdown. Distance is relative to the center of the PAR-2 domain. Select images show a PAR-2 domain before and after anaphase. The PAR-2 invaginations that accompany domain contraction are indicated (white arrow; [Video 3](http://www.jcb.org/cgi/content/full/jcb.201011094/DC1)). Black lines indicate the extent of the PAR-2 domain at the beginning of time series and are shown above and below the kymograph to facilitate size comparisons. (H) Same as G, but including nocodazole plus CD. Disruption of microtubules eliminates both PAR-2 invaginations and anaphase PAR-2 domain contraction. (I) After anaphase onset, the boundaries of both mCherry--PAR-2 (green) and GFP--PAR-6 (red) shift to the posterior in CD-treated embryos. Images of a CD-treated embryo before (Metaphase) and after anaphase onset (Anaphase) illustrate the posterior migration of both PAR-2 and PAR-6 domain boundaries as a result of invaginations. In the insets, identical 25 × 25--µm regions encompassing the boundary region are taken from images before and after anaphase as indicated, and channels are shown individually to demonstrate the shift of both domain boundaries. Bars: (A--C) 5 µm; (G--I) 10 µm.](JCB_201011094_RGB_Fig4){#fig4}

These results superficially disagree with two reports that disruption of the actomyosin cortex during maintenance phase destabilizes PAR domains, either by depolymerization of actin filaments using latrunculin ([@bib51]) or by compromising cortical contractility through the use of a fast-acting mutation in *nmy-2* ([@bib37]). Similar to [@bib37], we observed that as embryos lacking a functional cortex entered anaphase, the PAR-2 domain contracted, accompanied by a corresponding expansion of the anterior PAR domain ([Fig. 4, G and I](#fig4){ref-type="fig"}). This contraction coincided with removal of PAR-2 from the cortex to the centrosome through what appeared to be membrane invaginations arising because of microtubule pulling forces on the posterior cortex in embryos lacking a stiff cortical actomyosin meshwork ([@bib46]). Therefore, anaphase destabilization does not appear to be caused by a failure in the mechanism for maintaining a PAR boundary, but instead results from the aberrant removal of PAR-2 from the cortex and sequestration within cytoplasmic aggregates. Supporting our interpretation, similar accumulations are visible in [@bib51]; [Fig. 2](#fig2){ref-type="fig"}) and [@bib37]; [Fig. 2 B](#fig2){ref-type="fig"}). As expected, treatment with nocadozole prevents anaphase contraction in CD-treated embryos ([Fig. 4 H](#fig4){ref-type="fig"}). These results suggest that once the boundaries of the PAR domains are specified, they do not require input from the actin cytoskeleton beyond resisting the effects of microtubule pulling forces.

Discussion
==========

Here, we have shown that PAR polarity determinants are not only dynamic but exhibit both (a) a boundary flux as membrane-associated proteins diffuse laterally out of their respective domains as a result of the concentration differences that exist across the PAR domain boundaries and (b) an exchange between the membrane-associated state and a rapidly mixing cytoplasmic pool. This dynamic behavior contrasts with the relative stability of PAR domains during the maintenance phase when both the size and position of PAR domains are relatively unchanged over the course of nearly 10 min. We have examined several potential mechanisms to explain the segregation of PAR proteins, including (a) a physical barrier separating the two domains, (b) passive sorting, for example, caused by repulsive or attractive forces such as those that drive the phase separation of oil and water, or (c) active transport on the membrane, such as actin- or microtubule-dependent processes. Our data are inconsistent with the involvement of any of these mechanisms, at least during the polarity maintenance phase. Rather, our results suggest a physical picture in which PAR proteins undergo continuous and what appears to be unopposed diffusion across the PAR boundary interface separating the two domains. In other words, PAR proteins tend to diffuse out of their respective domains where they are enriched and into the opposing domains where they are depleted.

Because there does not appear to be a mechanism to directly oppose diffusion on the membrane, there must be some way for cells to ensure that the membrane association of PAR proteins is biased such that there is net association only within the proper domain and net dissociation in the incorrect domain. It has been proposed that the cortical actomyosin network could provide for such asymmetries in membrane affinity ([@bib13]; [@bib59]). However, results here and elsewhere indicate that such a cytoskeletal scaffold model is unlikely to be the key driving force for maintaining segregated domains ([@bib25]; [@bib66]; this study). In fact, our findings suggest that beyond preventing microtubule-dependent membrane invaginations, the actin cortex plays little role in the membrane association or kinetic behaviors of PAR proteins during the maintenance phase. Therefore, it is likely that the spatial regulation of PAR protein membrane affinity arises instead from the characteristics of the PAR proteins themselves. At the same time, there is clearly a role of the actin cortex outside of the maintenance phase, both in promoting normal establishment of PAR polarity and in the alignment of the PAR boundary during cytokinesis ([@bib41]; [@bib48]; [@bib66]), although exactly how actin mechanistically accomplishes these tasks remains somewhat unclear.

What, then, drives the association of PAR proteins with the membrane? Two actin-independent links to the membrane have been reported, the regulation of which could be subject to spatial control. PAR-3 has lipid-binding activity ([@bib64]; [@bib31]), and PAR-6 is known to bind CDC-42, which is itself membrane associated ([@bib27]; [@bib35]; [@bib45]; [@bib21]). Intriguingly, active CDC-42 localizes predominantly to the anterior during the maintenance phase and is important for the cortical localization of PAR-6 during this phase ([@bib21]; [@bib1]; [@bib38]; [@bib49]; [@bib32]). However, it does not appear to be the sole means of membrane association because it is not essential for initial domain formation, and PAR-6 can associate with the membrane independently of CDC-42 as long as PAR-2 is depleted ([@bib1]; [@bib49]). In the posterior, the mechanisms of membrane association remain unclear. Phosphorylation of two posterior proteins, PAR-2 and LGL, likely by aPKC, appears to be important for displacing them from the membrane and is presumably responsible for excluding them from the anterior domain ([@bib23]; [@bib26]). Clearly, much remains to be discovered regarding the mechanisms of membrane association of the PAR proteins, how these interactions could be spatially regulated within the cell, and how these processes are impacted by cross talk between PAR proteins.

Based on observations that polarity can be established under conditions lacking cortical flow, it has been suggested that mutual antagonism may be sufficient to drive segregation of PAR proteins under certain conditions ([@bib66]). Combined with our observations, one can envision an intuitive self-organizing scheme based on competition between the membrane-associated species; high concentrations of PAR-3/PAR-6/aPKC favor detachment of PAR-2 (and presumably other posterior proteins such as LGL) from the membrane in the anterior, whereas high concentrations of PAR-2 favor dissociation of PAR-3/PAR-6/aPKC in the posterior ([Fig. 5](#fig5){ref-type="fig"}). Such localized regions of enhanced dissociation effectively serve as sinks, removing PAR proteins that diffuse into the wrong domain. These detached PAR proteins then redistribute throughout the cytoplasm and finally reassociate with the membrane within the boundaries of the correct domain, completing the cycle. During the maintenance phase, all of these processes presumably balance, resulting in a stable domain boundary and a cycling flux of molecules. In other words, the stably polarized embryo comprises a nonequilibrium steady state. This scheme is consistent with both our observation of a diffusive boundary flux and our results suggesting that spatial differences in membrane affinity are responsible for maintaining PAR asymmetry.

![**Creating a stable boundary through diffusive flux and asymmetries in membrane association/dissociation.** Because the regions of net association to and dissociation from the membrane occur in different domains, the source and sink are displaced in space, leading to a buildup of concentration gradients across the cell. These concentration gradients drive flux of molecules across the cell both on the membrane (boundary flux) and in the cytoplasm. At steady state, all of these processes balance, the local concentrations of PAR proteins no longer change with time, and the resulting boundary gradient is stable. Here, we show the proposed schematic of this cycle for the posterior PAR protein, PAR-2, with a region of high PAR-3/PAR-6/aPKC serving as a sink in the anterior (red membrane region). A model for PAR-6 would be similar but with a reversed orientation along the A--P axis and a region of high PAR-2 concentrations serving as a sink.](JCB_201011094R_RGB_Fig5){#fig5}

This model envisions interactions between anterior and posterior PAR proteins that are primarily limited to competition between membrane-associated species. Consequently, one would expect that the behavior of a membrane-associated PAR species would only be altered when it enters a region enriched in the opposing PAR complex. Consistent with this picture, FRAP of PAR proteins inside their domains in normal embryos and of PAR proteins in embryos in which the opposing PAR species is depleted by RNAi yields similar results ([Fig. S4](http://www.jcb.org/cgi/content/full/jcb.201011094/DC1)). Although a direct comparison of the association/dissociation rates for a given PAR protein between the two domains would be informative, the low concentrations of PAR proteins in the wrong domains preclude measurement using FRAP.

Although potentially attractive, such a PAR-intrinsic model raises significant questions. Is the ability of molecules to mutually inhibit one another at the membrane sufficient to ensure mutually exclusive distributions, let alone the formation of spatial patterns? Or is a more complicated pattern of interactions required? More fundamentally, it is unclear what features of the PAR polarity network could provide the required spatial information to define the boundaries of the PAR domains. If one domain is too small, that domain must be favored to allow it to expand at the expense of the other. However, individual PAR proteins are unlikely to know where they are in the cell. Therefore, domain size control would seem to require that the cell senses either the size of the domains or the position of the boundary and adjusts the competition between PAR proteins accordingly, a prospect that does not follow intuitively from a model based solely on mutual antagonism between membrane-associated species.

In the end, understanding cell polarity requires us to confront the central problem of coordinating the mobility and activities of the relevant molecules in space and time. Such spatiotemporal modulation of the transitions between diffusive states appears to be a central theme in polarity, at least within the *C. elegans* embryo. This is true not only as we show here for PAR proteins, which exchange between a rapidly mixing cytoplasmic state and a more slowly diffusing membrane-associated state, but also for cytoplasmic determinants such as MEX-5, PIE-1, and P granule components, all of which polarize in response to PAR domains through a mechanism that appears to involve asymmetric switching between fast- and slow-diffusing cytoplasmic states ([@bib58]; [@bib10]; [@bib16]). Going forward, increasing insight into the kinetic properties of these molecules, combined with the development of quantitative approaches to understanding the complex dynamic relationships between them, will be critical as we begin to bridge the gap between molecular interactions and the long-range spatiotemporal patterns observed in cells.

Materials and methods
=====================

Worm strains and growth conditions
----------------------------------

Worm stocks were maintained at 16°C and shifted to 25°C ∼24 h before analysis unless otherwise noted. Embryos were imaged at room temperature (18--22°C). Unless otherwise noted, embryos were dissected in 0.1 M NaCl and 4% sucrose and mounted on agarose pads. RNAi was performed using the feeding method essentially as described previously ([@bib28]). All feeding clones were obtained from GeneService except *mlc-4*, which was described recently ([@bib46]). Transgenic worms used in this study were JJ1473 (NMY-2--GFP; [@bib42]), TH25 (GFP--PAR-6), TH120 (mCherry--PAR-6 and GFP--PAR-2) and TH129 (GFP--PAR-2 \[RNAi resistant\]; [@bib50]), TH209 (mCherry--PAR-2; [@bib10]), and TH220 (LifeAct--GFP; [@bib46]). JJ1473 was obtained from the *Caenorhabditis* Genetics Center, which is funded by the National Institutes of Health's National Center for Research Resources.

Drug treatment using permeabilized embryos
------------------------------------------

Embryos were made permeable by placing L4 larvae on *FO8F8.2(RNAi)* plates for 20--24 h at 25°C. Embryos were dissected in Shelton's growth medium (SGM; [@bib52]), mounted in a flow chamber consisting of a glass slide and a coverslip separated by 20.85 ± 0.5--µm polystyrene beads (Bangs Laboratories), and sealed on two sides with VALAP. Permeability was confirmed by adding SGM containing Hoechst. Drugs were introduced by capillary action at the following concentrations: 30 µg/ml nocodazole, 100 µM latrunculin A, and 10--20 µg/ml CD.

Imaging
-------

Wide-field images were captured on a microscope (Axioplan II; Carl Zeiss) using a 63×/1.4 oil Plan Apochromat objective, a camera (Orca ER; Hamamatsu Photonics), and MetaVue (Molecular Devices). Spinning disk confocal images were captured on either an M3 microscope (Carl Zeiss) equipped with a spinning disk head (Yokogawa) using a 63×/1.4 oil Plan Apochromat objective, a 488-nm argon laser (CVI Melles Griot), a camera (Orca ER), and MetaVue or a microscope (IX71; Olympus) equipped with a spinning disk head using a 60×/1.35 oil UPlanSApo objective, 488- and 561-nm lasers (DPSS), a camera (EMCCD; iXon), and ImageIQ (Andor Technology). For still images and gradient length scale measurements, spinning disk images were captured, unbinned, with a 1--2-s exposure. For time-lapse experiments, 200-ms exposures were captured every 15--30 s to minimize photobleaching. For cortical imaging, four z sections spanning 1 µm were captured, and a maximum projection was calculated. Unless otherwise noted, all images were taken at the embryo midplane defined as the focal plane with a maximum cross-sectional area. All maintenance phase measurements were taken during the stable period between the end of nuclear envelope breakdown and anaphase onset.

Image analysis
--------------

Spinning disk confocal images were used for all quantitative analysis and image processing performed in Fiji and Matlab (Mathworks). In brief, for membrane fluorescence, a 25-pixel-wide line encompassing the membrane was extracted and computationally straightened. The maximum fluorescence corresponding to an ∼0.8-µm-wide section spanning the membrane was taken as total membrane fluorescence for each point along the line, resulting in a fluorescence profile. For kymographs, the profile at each time was aligned by the approximate center of the PAR-2 domain before assembly. Signal was normalized to peak fluorescence within the kymograph. For gradient analysis, each channel from two-channel mCherry--PAR-2/GFP--PAR-6 images was used individually to generate a profile from the posterior pole to the anterior pole. Profiles were subject to smoothing using a 9-pixel moving mean and fit using an error function of the form$$I\left( x \right) = A + \frac{B}{2}\left\lbrack {erf\left( {\frac{\sqrt{2}}{\sigma}\left( x - b \right)} \right)} \right\rbrack\text{,}$$where *I(x)* is the intensity, *b* is the edge of the domain defined as the midpoint of the gradient, σ is the characteristic length scale of the gradient, and *A* and *B* scale the intensity. Individual fits gave the positions of the edge of the PAR-2 and PAR-6 domains separately. The point midway between these two positions was then defined as the center of the boundary and used as a reference point to align all individual profiles. Profiles were normalized to peak fluorescence and aligned to the reference point before being averaged and refit to obtain a mean value for σ. SDs of individual fits are reported to illustrate the variance of the data.

FRAP
----

Embryos expressing GFP--PAR-2 or GFP--PAR-6 were depleted for PAR-6 or PAR-2, respectively, by RNAi for 24 h at 25°C. As a result, GFP was typically localized throughout most, if not all, of the embryo membrane during late maintenance phase. Under these conditions, the behavior of the GFP fusions should reflect their intrinsic dynamics in the absence of mutual antagonism. Similar results were obtained within domains in wild-type embryos, suggesting that mutual antagonism does not significantly affect the dynamics of PAR proteins away from the boundary region (Fig. S4).

Embryos were dissected as described in Worm strains and growth conditions, except that coverslips were sealed with VALAP to reduce evaporation and coverslip drift. FRAP was performed and analyzed as previously described ([@bib19]). In brief, 128 × 128--pixel images were captured at 0.188-s intervals using a 488-nm laser line at 1% power with the pinhole closed down to 200 nm, yielding a back-projected pinhole diameter of ∼490 nm to limit the depth of the imaging region of interest. This yields a theoretical region of interest of ∼0.5 × 0.5 × 1.3 µm. A 50 × 50--pixel box was bleached using a 405-nm DPSS and 488-nm argon laser line at full power for 0.094 s (one scan iteration). The size of the bleach region was altered using the built-in zoom function at 12, 15, 20, and 30×. To minimize the effects of noise, three to five individual FRAP traces were averaged to form a replicate. Replicates were individually fit, and the mean and SD of replicates were reported. For fitting, we incorporated a one-frame bleach offset for PAR-2 or a five-frame bleach offset for PAR-6. Bleaching of the membrane using this bleach geometry necessarily results in bleaching of the cytoplasm underlying the membrane. However, because recovery in the cytoplasm is much faster than recovery at the membrane, this offset allows cytoplasmic fluorescence to equilibrate, which minimizes the effects of fluorescence recovery in the cytoplasm on our measurements ([@bib19]). The relatively large error in the *k*~off~ measurements is most likely caused by the fact that, even at this size range, diffusion contributes more to recovery than exchange. Larger bleach areas, which would be more influenced by exchange, were not possible given the size limitations of the embryo.

For FRAP experiments in drug-treated embryos, FRAP was performed on *FO8F8.2(RNAi)* embryos in SGM. For each experiment, multiple FRAP traces were obtained using either a 4.1 × 4.1-- (PAR-2) or 6.9 × 6.9--µm (PAR-6) box within the central region of the PAR-2 or PAR-6 domain. Individual traces were averaged and normalized to allow comparison (PAR-2: untreated, *n =* 2; CD, *n =* 2; latrunculin A, *n =* 5; PAR-6: untreated, *n =* 7; CD, *n =* 4; latrunculin A, *n =* 4). The drug was allowed to incubate for several minutes before FRAP to ensure disruption of the actin cytoskeleton, and embryos were examined for a lack of any cytokinesis furrow ingression to confirm disruption.

Boundary FRAP
-------------

Experiments were performed essentially as described in the previous section, with the following changes. Instead of focusing on the cortex, the focal plane was placed in the center of the embryo to generate a section through the center of the embryo such that the imaging and bleaching lasers are aligned parallel to the plane of the membrane. Because we are only interested in diffusion aligned with the gradient, we maximized the confocal depth in *z* by increasing the pinhole to 650 nm, reducing the problem to an essentially 1D geometry. Images were captured in a 256 × 64--pixel region at 0.13-s intervals. A 4 × 15--pixel region was bleached in the membrane, which yielded a ∼4-µm-wide bleached stripe centered in the gradient. After image capture, a 30-pixel-wide line containing the membrane was extracted, and the intensity of the top five pixels at each position in *x* was summed to give a fluorescence profile within each frame. Profiles were normalized to fluorescence within a control region of the membrane during the prebleach period. The center of the bleached region was identified by fitting a Gaussian profile to the mean profile of the first three frames. Because of significant noise in individual experiments, profiles from multiple experiments were aligned and averaged to generate the kymographs shown. To reduce the influence of cortical motion that could bias measurements, we performed experiments under a condition of mild MLC-4 depletion in which polarity was established with normal timing. Importantly, we obtained similar results in experiments performed in wild-type embryos if we verified that no cortical motion occurred during FRAP. However, because of the frequent occurrence of transient cortical motion in wild-type embryos, it was difficult to obtain a large sample size.

Boundary iFRAP
--------------

For iFRAP, experiments were performed as in boundary FRAP to generate a mean kymograph, except that rather than bleaching a small region of the membrane within the gradient, the entire membrane within the imaging frame was bleached with the exception of a small 4-µm-wide strip. We then fit the mean profile at each time with the function$$I\left( x \right) = mx + b + I_{0}e^{- {(\frac{x - \mu}{\sigma})}^{2}}\text{,}$$where *mx* + *b* captures the local recovery of the underlying gradient as molecules reassociate with the cortex, and$$I_{0}e^{- {(\frac{x - \mu}{\sigma})}^{2}}$$is a modified Gaussian that captures the distribution of the unbleached population. *µ* gives the center of mass of this population, with *Δµ/t* giving the drift velocity. Again, all experiments were performed under conditions of mild MLC-4 depletion as described in the previous paragraph. One could argue that by depleting MLC-4, we are eliminating the very active transport processes that we are trying to measure. However, under these conditions, and even under disruption of the actomyosin cortex ([Fig. 4, C and D](#fig4){ref-type="fig"}), PAR proteins remain stably segregated, indicating that although this flow may affect PAR protein distributions, it is not an essential component for maintaining the segregated state that is our focus here.

Online supplemental material
----------------------------

Fig. S1 shows line FRAP experiments to test for the presence of directional flows. Fig. S2 shows quantification of PAR protein distributions in latrunculin A--treated embryos. Fig. S3 shows localization of PAR proteins to membrane blebs in *pod-1(RNAi)* embryos. Fig. S4 examines FRAP of PAR proteins in wild-type embryos versus embryos in which the opposing species is depleted by RNAi. Videos 1 and 2 show permeable embryos expressing GFP--PAR-2 and mCherrry--PAR-6 that are treated with CD or latrunculin A, respectively. Video 3 shows GFP--PAR-2 being removed from the posterior membrane by microtubule-dependent invaginations. Video 4 shows the localization of NMY-2, LifeAct, PAR-2, and PAR-6 to membrane blebs in *pod-1(RNAi)* embryos. Online supplemental material is available at <http://www.jcb.org/cgi/content/full/jcb.201011094/DC1>.
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